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Abstract: The application of enzymes such as laccase and xylanase for the preparation of
cellulose from lignocellulosic material is an option for those industries seeking to reduce
the use of chlorine-containing bleach agents, thus minimizing the environmental impact of
their processes. Mixed hydrolytic and oxidative enzyme systems have been well described
in the context of biopulping, and thus provide good precedent regarding effectiveness,
despite the susceptibility of xylanase to inactivation by laccase-generated oxidants. This
paper examines the progress towards development of sequential and simultaneous mixed
enzyme systems to accomplish delignification.
Keywords: biomass; delignification; hemicellulose; laccase; lignin; lignocellulose;
manganese peroxidase; mediator; xylanase

Abbreviations: ABTS, 2,2'-azinobis(3-ethylbenzothiazoline-6-sulfonic acid); Ep, peroxide fortified
extraction; EPR, electron paramagnetic resonance; ESEM, environmental scanning electron
microscopy; HBT, 1-hydroxybenzotriazole; HexA, hexenuronic acid; HPI, N-hydroxyphthalimide;
kDa, kilodalton; HWKP, hardwood kraft pulp; L, laccase treatment stage; LCC, lignin carbohydrate
complex; LiP, lignin peroxidase; LMS, laccase mediator system; MnP, manganese peroxidase;
NHA, N-hydroxyacetanilide; NMR, nuclear magnetic resonance; od, oven dried; ONP, old newspaper
pulp; P, peroxide stage; TEMPO, 2,2,6,6-tetramethyl-1-piperidinyloxy, free radical; TMB, 1,2,3,4tetramethoxybenzene; X, xylanase treatment stage.

Catalysts 2014, 4

2

1. Introduction
The processing of lignocellulosic biomass is essential for the production of cellulosic pulp as a raw
material for paper manufacture and also as a feedstock for chemical synthesis, including biofuel. In
nature, lignocellulose degradation is a multienzyme process involving both hydrolytic and oxidative
transformations, due to the complexity of lignified plant material [1–3]. The enzyme systems must be
robust in order to recycle the vast amount of carbon in terrestrial ecosystems [1,4]. The discovery of
peroxide-dependent lignin degrading enzymes in cultures of the white rot fungus Phanerochaete
chrysosporium [5,6] marked the beginning of the development of isolated enzyme systems for applied
biomass delignification.
1.1. Precedent
One of the earliest studies of a mixed enzyme treatment applied to cellulosic pulp was by
Poppius-Levlin et al. [7] who enhanced the laccase-mediator treatment of pulp by a pretreatment with
xylanase. Further studies documented the benefit of xylanase application to pulp followed by
delignification using laccase in combination with a redox mediator such as HBT or NHA [8–10].
Successive application of the two enzyme systems, notably xylanase and the LMS, resulted in
improved delignification, to the extent removal of 60% of the residual lignin in softwood kraft pulp
and approaching 70% in wheat straw chemical pulp [9,11–14].
1.2. Impact
The US consumes 140 billion gallons per year of gasoline. According to the Energy Independence
and Security Act of 2007, the Renewable Fuel Standard calls for 36 billion gallons per year of
renewable biofuel by 2022, including 22 billion gallons of cellulosic biofuel and other advanced
biofuels. The US EPA had targeted 250 million gallons of cellulosic biofuel in 2010, but achieved only
10% of that goal (25.5 million gallons). This can be attributed to the difficulty in saccharifying
cellulose isolated from lignocellulosic substrates despite its relative abundance in a variety of
materials, as detailed in Table 1. The International Energy Agency estimates that a targeted 50%
reduction of greenhouse gases by 2050 will require a four-fold increase of biomass-derived energy to
150 EJ/year (where 1 EJ = 1018 J), representing over 20% of the world energy supply [15].
1.3. Objective
The objective is ultimately to develop a simultaneous delignification system to maximize the green
production of cellulose for subsequent use in papermaking or as a chemical synthesis feedstock. The
hypothesis considered in this review paper is that the simultaneous action of hydrolytic and oxidative
enzymes may be a promising strategy for pulp delignification and more generally for biomass
processing. Xylanase and laccase are readily commercially available and thus are the primary focus of
this discussion. Xylanase exposes lignin which can be degraded by laccase with a mediator [16]. The
simultaneous application of the two classes of enzymes, in the context of pulp delignification, could be
incorporated into most bleach plants without significant capital investment. In general, biomass
processing using a mixed enzyme system for cellulose isolation would be economically beneficial
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given opportunity to use agricultural lignocellulosic waste as substrate [17]. This paper first introduces
each of the two classes of enzymes, and then shows how the enzymes work in tandem in nature, from
the perspective of biopulping. A review of the results of mixed enzyme systems applied to pulp, both
sequential and simultaneous, is provided.
Table 1. Composition of Lignocellulosic Biomass [18,19]. Adapted with permission from
Kumar et al. [19]. Copyright 2009 American Chemical Society.
Lignocellulosic
material
Hardwood Stems
Softwood Stems
Corn Cobs
Grasses
Paper
Wheat Straw
Leaves
Newspaper
Switchgrass

Cellulose (%)

Hemicellulose (%)

Lignin (%)

40–55
45–50
45
25–40
85–99
30
15–20
40–55
45

24–40
25–35
35
35–50
0
50
80–85
25–40
31

18–25
25–35
15
10-30
0–15
15
0
18–30
12

2. Oxidative Enzymes for Lignin Removal
In nature, three key enzymes are broadly recognized for their ability to oxidize lignin: LiP, MnP,
and laccase. Of these three enzymes, laccase exhibits the greatest potential for commercial
development for several reasons. First, unlike LiP and MnP, laccase does not require the presence of a
heme cofactor. Second, laccase does not require a low, steady supply of hydrogen peroxide for
activity; oxygen serves as the terminal electron acceptor for this enzyme. This section introduces both
laccase and MnP, motivated by accounts of synergy in lignin oxidation derived from the combination
of xylanase with these oxidative enzymes [20–22].
2.1. Laccase and the Mediator System
Laccase (benzenediol:oxygen oxidoreductase, EC 1.10.3.2) is a blue copper enzyme with broad
substrate specificity that catalyzes the oxidation of phenols, anilines, and aromatic thiols [23], with the
concomitant four electron reduction of O2 to H2O. The enzyme occurs in fungi, plants, trees, insects,
and bacteria [24]. Laccase is recognized as an industrially significant enzyme in pulp and textile
manufacture, beverage and food processing, and pollutant detoxification [25].
Laccase contains four active site copper atoms, one at the T1 site and three at the T2/T3 site,
arranged as a trinuclear copper cluster; the three different types of copper, T1, T2, and T3, are
classified according to the EPR spectrum of each copper atom [26]. Oxygen reduction occurs at the
T2/T3 site, while the electrochemical potential, typically ranging from 0.4 to 0.8 V, is determined at
the T1 site [27,28]. Laccases have relatively low redox potentials (≤ 0.8 V) relative to ligninolytic
peroxidases (>1 V) [25].
Laccase was long considered to effect the degradation of only phenolic lignin and phenolic lignin
model compounds [29], since nonphenolic substrates with redox potentials greater than 1.3 V could
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not be oxidized by laccase directly. Given that phenolic lignin structures account for 10–20% of the
lignin substructures in the plant cell wall, laccase was therefore not expected to play a role as a
delignifying agent [30,31]. In 1989, however, the combination of laccase and syringaldehyde was
shown to oxidize the nonphenolic lignin model compound veratryl alcohol [32]. This account was
followed soon after by a report that laccase could degrade nonphenolic lignin model compounds when
used in conjunction with the redox mediator ABTS [33]. Laccase alone cannot oxidize veratryl alcohol
to veratraldehyde, but laccase with a mediator can do so (Figure 1). The system cleaves or oxidizes
nonphenolic lignin model dimers at the alpha carbon [34]. Subsequently, laccase plus ABTS was
reported to delignify kraft pulp [35]. The combination of laccase plus a low molecular weight redox
mediator is known as the laccase mediator system (LMS). Mediators include ABTS, HBT, HPI, NHA,
TEMPO, and violuric acid (Figure 2), with HBT and NHA being particularly effective [36–39].
Figure 1. HBT-mediated oxidation of veratryl alcohol to veratraldehyde by laccase.
Adapted with permission from Bendl et al. [40]. Copyright 2008 Elsevier.
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Oxidation of nonphenolic lignin may occur via either electron transfer, as with ABTS, or hydrogen
atom transfer, as with the hydroxamic acids [41]. The best mediators for removal of recalcitrant
nonphenolic lignin are of the N-OH variety, including HBT, HPI, NHA, and violuric acid, since the
oxidation gives nitroxyl radicals. Nitroxyl radicals oxidize the target substrate by hydrogen atom
transfer mechanism, and the driving force for the oxidation of substrate is the energy difference
between the dissociated bond (C-H) in the target substrate and the forming bond (NO-H) in the
mediator [25,42,43]. Oxidation of the stable nitroxyl radical TEMPO by high redox potential laccases
occurs via a non-radical, ionic mechanism to the oxoammonium ion (>N=O+) [25,41]. Consistent with
the difference in oxidation mechanism as a function of mediator type, analysis of residual lignin from
laccase-HBT treatment versus laccase-NHA treatment via NMR showed greater enrichment of
carboxylic acid functionality in laccase-HBT lignin than in laccase-NHA lignin [44].
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The LMS is effective for both wood and non-wood (sisal) pulp bleaching and delignification, yielding
pulp with properties equal or better than can be achieved using only chemical reagents [25,38,45–47]. The
optimum oxygen pressure required for the LMS is relatively low and can be generated by the hydraulic
pressure in a conventional bleaching tower [34]. The LMS can replace either an ozone stage or an
oxygen delignification stage in kraft pulp bleaching [7,48]. The LMS using HBT as mediator followed
by an alkaline extraction can reach as much as 70% delignification, and if the extraction is followed by
a second LMS treatment, the delignification can be extended to 80%, indicating that the LMS with
HBT as mediator could reach even very unreactive lignin [36]. The kappa number is best measured
following an alkaline extraction, otherwise a modified, alkaline extractable lignin is left behind after
the laccase stage that interferes with kappa [49,50].
Limitations of the LMS are primarily a consequence of the mediator. While the LMS delignification
scheme predicts that the mediator should be continuously recycled (Figure 1), HBT, a particularly
potent mediator, undergoes ineffective conversion to benzotriazole. Concern has also been expressed
regarding the cost of HBT and the toxicity of HBT and its by-products [25,51–53], although the
toxicity of laccase-HBT treatments has been shown to fall in non-hazardous limits [51]. Another
drawback to the LMS if the objective is to isolate cellulose for papermaking is that the system
produces hydroxyl radicals, which can lead to cellulose oxidation and consequent decrease in the
degree of polymerization, manifested as viscosity decrease upon alkaline hydrolysis. Cellulose
oxidation can be minimized by following LMS with a reducing stage [45,46,54].
Disadvantageously, the laccase-generated HBT oxidant is reactive enough to lead to laccase
oxidation and inactivation. For example, in a treatment where HBT was applied at a dose of 1% on
pulp, only 2% residual laccase was detected at the end of the laccase stage [34]. This is difficult to
moderate since the minimum effective HBT dose is 0.5% [55]. Further, a slower rate of O2 uptake was
observed with HBT than with a mediator like ABTS, another indication of loss of laccase activity.
However, some of the activity loss may be attributed to laccase adsorption to fiber. For example, in a
study using Pycnoporus cinnabarinus laccase to bleach flax pulp, laccase adsorption to the pulp was
estimated to be around 20%, based upon residual enzyme activity in the absence of mediator [1].
Given the high cost of HBT and the tendency of the HBT oxidant to inactivate laccase, other
mediators, both synthetic and natural, have been sought [39,52,53,56–62]. For example, the synthetic
mediator NHA has been described as both cost effective and biodegradable, with another particular
advantage that laccase retains about 80% of its initial activity in an LMS stage with this mediator [63].
Other synthetic hydroxamic acids such as N-(4-cyanophenyl)-acetohydroxamic acid and 7-cyano-4hydroxy-2H-1,4-benzoxazine-3-one have been reported to be as effective as NHA for bleaching of
softwood kraft pulp [64]. Naturally occurring phenolic mediators such as syringaldehyde and
acetosyrignone can provide up to 25% lignin removal [52]. Phenolic p-hydroxycinnamic acid
derivatives have also been considered for nonwood pulp treatment, and while less laccase inactivation
was observed, pulp bleaching was less efficient than with HBT. Phenolic compounds tend to bind to
pulp fibers [59], according to results previously reported for p-coumaric acid [52]. Overall, the ideal
mediator would be a small molecule that is oxidizable to a stable radical that would not inactivate the
enzyme. In addition, laccase mediators should be environmentally benign, available at low cost, and
would be needed in catalytic rather than stoichiometric quantities due to recycling without
degeneration [25].
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In a study of the mechanism of oxidation of the three N-OH compounds HBT, NHA, and violuric
acid with seven different laccases, a bell-shaped pH activity profile was observed with optimum activity
over the range of 4–7. The oxidation rate was found to be dependent on the redox potential difference
between laccase and the N-OH substrate [65]. A correlation between enzyme redox potential and activity
towards substrate had previously been reported [66]. The use of a laccase with a higher redox potential or
an N-OH compound with a lower redox potential produced a higher rate of oxidation.
When laccase from Trametes versicolor was used as a component of the LMS, delignification was
accomplished over a broad range of acidic pH [67]. Ultimately the optimum pH for delignification
may depend on the mediator, since the pH optimum for substrate oxidation in the absence of pulp
varies. For example, the pH optimum was determined to be 5.0 with o-dianisidine as substrate and 3.0
with ABTS as substrate. Laccases generally have a low pH optimum with ABTS as substrate [68].
Organisms such as Ceriporiopsis subvermispora produce laccase isozymes of variable pH optimum
activity and stability; the C. subvermispora laccases are like those of T. versicolor in that they oxidize
only the methoxybenzene congener with the lowest redox potential, TMB. While oxidation of ABTS
and TMB was found to be optimal at pH 2-3 for both the L1 and L2 isozymes, L2 exhibited a broader
range of activity as a function of pH. L1 was barely active with respect to ABTS oxidation at pH 5,
whereas L2 still exhibited 60% of activity for ABTS oxidation relative to that at pH 3. For guaiacol
oxidation, the maximum L2 activity was at pH 5, versus maximum L1 activity at pH 3. The pH
stability followed the same trend, with L1 and L2 maximally stable at pH 5 and pH 3-4, respectively.
The key point is that since the pH during the degradation of lignin in wood by C. subvermispora
gradually decreases from 5.0 to near 3.5, the different pH optima of L1 and L2 ensures that oxidation
can occur over a wider range of pH [69].
2.2. MnP
MnP (Mn(II):hydrogen-peroxide oxidoreductase, EC 1.11.1.13), first characterized in 1984, is
another key oxidative enzyme for lignin degradation [70]. MnP oxidizes Mn2+ to Mn3+ in a reaction
that is dependent on H2O2; the manganese ion is chelated to an organic acid. Mn3+ is a strong oxidant
(1.54 V) and can act on a variety of phenolic compounds as a diffusible oxidant through the lignin
matrix [17]. The MnP system can also oxidize nonphenolics, including the model compounds veratryl
alcohol and benzyl alcohol. The redox potential of chelated Mn3+ depends on the chelator [71].
MnP effectively reduces the kappa number of chemical pulp produced via the kraft process, but the
treated pulp also exhibits increased bleachability, especially in subsequent peroxide stages [72]. This
indicates that MnP not only removes lignin, but the enzyme also oxidizes residual lignin to a form that is
more easily bleached by alkaline peroxide [34]. This is perhaps due to mobilization and removal of
manganese ions in wood. In a study of the biobleaching of kraft pulp by white rot fungi during solid-state
fermentation, a direct relationship was observed between cumulative MnP activity and brightness [73].
A disadvantage with MnP use is that residual Mn2+ ion can impact brightness development in
subsequent stages, specifically, high manganese concentrations can reduce the effectiveness of the peroxide
stage [74], and it may also produce darkening of pulps at high temperature and pH values [75]. Another
concern is the susceptibility of inactivation of MnP by peroxide. Generally, fungal peroxidases are
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inactivated by peroxide concentrations greater than 0.10 mM [72,76]. H2O2 is best added in pulses, for
example, as aliquots of 0.042 mM H2O2 every 5 min to a total charge of 0.50 mM over 1 h [17].
Manganese ion chelators include organic acids such as oxalic and malonic. In systems where
glucose oxidase and glucose are used to generate H2O2 for MnP, the resulting gluconic acid can
chelate manganese ion [17]. A Mn2+ concentration of 33 μM was found to be optimal in a study of the
bleaching of a eucalyptus kraft pulp with oxalic acid as chelator [17], although in a previous study
using malonic acid as a chelator, 100–500 μM Mn2+ was found to be optimal [77]. Unsaturated fatty
acids such of linoleic acid, linolenic acid, and Tween 80 can assist the MnP system by enhancing
brightness [17,34]; linoleic and linolenic acids are more effective than Tween 80. Mechanistically,
Tween 80 was proposed to facilitate oxidation of a nonphenolic β-O-4 lignin model compound via
peroxyl radical [78]. Since white rot fungi contain lipids within their extracellular membranes, these
lipids could play important an role in the fungal degradation of lignin [78].
3. Hydrolytic Enzymes for Lignin Removal
3.1. Xylanase
Xylan is the most abundant hemicellulose in the biosphere [79], accounting for one-third of the
polysaccharide component of renewable plant biomass [80,81]. Xylan occurs as a
heteropolysaccharide with a backbone of 1,4-linked xylose monomers that may be branched with
arabinose, glucuronic acid, and acetate substituents at the 2- and 3-position of xylose [79]. This
polysaccharide can be used by bacteria and fungi as a primary carbon source [82].
Hemicellulase systems are complex and variable from organism to organism [83] and potentially
include endo-1,4-β-D-xylanase (1,4-β-D-xylan xylanohydrolase, EC 3.2.1.8), cleaving internal bonds in
xylan chains, β-xylosidase (EC 3.2.1.37), cleaving xylose units from xylooligosaccharides,
endo-1,4-β-D-mannanase (EC 3.2.1.78), cleaving internal bonds in mannan chains, and β-mannosidase
(EC 3.2.1.25), cleaving mannose units from mannooligosaccharides. Of these hemicellulases, xylanase
has industrial significance as a bleaching agent in the pulp, paper, and textile industries, as an aid for
improving the digestibility of animal feed, as an aid to improve dough processing for breadmaking,
and also has application in bioethanol fuel production [84].
Xylanase has long been recognized as an effective bleaching pretreatment, with the first report of
xylanase aided bleaching dating back to 1986 [24,85]; pretreatment with xylanase was shown to increase
bleachability in subsequent steps, giving up to 25% bleach savings to reach target brightness [86,87]. As of
2007, according to Viikari et al. [88], about 20 mills in North America and Scandinavia used enzymes
in kraft pulp bleaching, and the approximate price of xylanase treatment in that year was less than $2
per ton of pulp. Enzyme products are available that function at both elevated pH and temperature, e.g.,
approaching pH 10 and 90–100 °C. There is also continued interest in the development of new
xylanases and product formulations to enhance their compatibility for industrial applications [84].
Xylanases are widely used in the pulp and paper industry since they increase lignin extractability
from kraft pulp by depolymerizing the hemicellulosic material closely associated with lignin in the
plant cell wall [31,89]; this includes hydrolysis of precipitated xylan or hydrolysis of the xylan
component of LCC in fibers. Consequently, a key reason for the improvement in the bleach response
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of pulps treated with xylanase is an increase in fiber permeability [87]. Xylanase acts as a bleaching
aid rather than as a true delignification agent [24], since the enzyme does not directly degrade lignin.
Another proposed mechanism of xylanase action involves removal of hexenuronic acid residues,
which consume bleach chemicals and contribute to kappa number, the latter by consuming
permanganate [8].
3.2. Aspects of Xylanase Structure Relative to Catalysis and Substrate Binding
Xylanases are distributed among two families of glycosyl hydrolases, family 10 and family 11
(formerly family F and family G); classification is determined by hydrophobic cluster analysis and
sequence alignment [79,90,91]. Family 10 xylanases generally have a high molecular mass (>30 kDa)
and low pI value (pH < 6.5) while family 11 xylanases generally have a low molecular mass (<30 kDa)
and high pI value (8.0–10.0), although there are some low pI value family 11 xylanases of fungal
origin [92–94]. There are also occurrences of family 5 and family 8 bacterial xylanases [94,95]. The
broad range of xylanase activities and properties has been proposed to reflect the diversity of xylan
structure [94]. Table 2 lists representative xylanases as a function of family; entries include those
enzymes for which the structure has been reported or the enzyme has been characterized with respect
to modification by NBS. A comprehensive review of xylanase and xylanase families has been prepared
by Collins et al. [95].
All xylanases are known to catalyze hydrolysis via a double displacement mechanism, resulting in
retention of configuration at the anomeric carbon [82,91,96]. The residues that are directly active in
xylan hydrolysis are highly conserved in all family 11 xylanases, and include Glu78 (referring to the
Bacillus subtilis sequence, equivalent to Thermomyces lanuginosus Glu86) as the active site
nucleophile and Glu172 (T. lanuginosus Glu178) as the acid-base catalyst [79,97]. A very highly
conserved arginine residue, Arg112 (T. lanuginosus Arg122), helps stabilize the negative charge on
Glu78 [79,84,98]. Other conserved xylanase residues include six clustered tyrosine residues (Bacillus
Tyr65, Tyr69, Tyr79, Tyr80, Tyr166, and Tyr174) and several tryptophan residues (Bacillus Trp9,
Trp30, Trp71, Trp 85, Trp129, and Trp153) [84,98]. The two catalytic Glu residues are situated 6–7 Å
apart in the Bacillus circulans [99] and Bacillus agaradhaerens [100] xylanases. T. lanuginosus Glu86
and Glu178 are solvent inaccessible, but Glu86 is hydrogen bonded to Gln136, Tyr77, and Tyr88,
while Glu178 is hydrogen bonded only to Asn44. T. lanuginosus Glu86 has a typical pKa value of
3.9-4.3, appropriate since this residue needs to be ionized to function as a nucleophile, while Glu178
has a pKa of 9.4.
Commercial xylanases for pulp bleaching are most often from family 11. This may attributed to the
exclusive specificity of this family of xylanases for substrates containing D-xylose; in contrast, the
family 5 xylanases possess carboxymethylcellulase activity while the family 10 xylanases are active on
cellulose of low molecular mass [95]. Family 11 xylanases are comprised of a single domain with two
antiparallel β sheets and one α helix [79,101]. Overall, the protein resembles a right hand, where the
two β sheets form the fingers, and the combination of the twisted part of one of these sheets plus the
sole α helix comprise the palm. Two loop regions form the thumb and the cord. A long
substrate-binding cleft spans one entire side of the enzyme. Subsites for substrate docking are
represented as -2, -1, +1, and +2, where cleavage occurs between subsites −1 and +1, and the negative
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numbers refer to residues in the nonreducing end direction, while positive numbers refer to residues in
the reducing end direction [102].
Table 2. Sample Distribution of Xylanases among Family 10 and Family 11.
Xylanase †
Family Mass (Da) ‡
pI ‡
Entry
Reference
Aspergillus niger Xylanase C
10
35,486
6.17
XYNC_ASPNC
[96]
Cellulomonas fimi CEX/Xylanase B
10
51,219
6.19
GUX_CELFI
[79,90]
Clostridium thermocellum Xylanase Z
10
92,263
5.56
XYNZ_CLOTH
[79,90]
Pseudomonas fluorescens Xylanase A
10
64,804
6.08
XYNA_CELJU
[79,90]
Pseudomonas fluorescens Xylanase B
10
64,363
6.37
XYNB_CELJU
[79,90]
Streptomyces lividans Xylanase A
10
51,163
6.18
XYNA_STRLI
[79,91]
Thermoascus aurantiacus Xylanase
10
35,686
5.82
XYNA_THEAU
[90]
Aspergillus kawachii Xylanase 3
11
22,627
4.07
XYN3_ASPKW
[96]
Bacillus agaradhaerens Xylanase
11
23,152
8.58
Q7SIE3_BACAG [96,103]
Bacillus circulans Xylanase
11
23,359
9.44
XYNA_BACCI [79,90,96]
Bacillus pumilus Xylanase A
11
25,491
9.33
XYNA_BACPU
[90,96]
Bacillus subtilis Xylanase A
11
23,345
9.44
XYNA_BACSU
[90]
Clostridium saccharobutylicum
11
29,033
9.24
XYNA_CLOSA
[90]
Xylanase
XYNC_FIBSS
[96]
Fibrobacter succinogenes Xylanase C
11
66,403
7.96
Penicillium citrinium Xylanase
11
23,480
4.69
Q2PGY1
[104]
Thermomyces lanuginosus Xylanase
11
24,356
4.77
XYNA_THELA
[79,96]
Trichoderma harzianum Xylanase
11
20,703
8.71
XYN_TRIHA
[79]
Trichoderma reesei Xylanase I
11
24,583
5.00
XYN1_HYPJE
[79,96]
Trichoderma reesei Xylanase II
11
24,172
8.89
XYN2_HYPJE
[79,96]
†
Entries include those enzymes for which the structure has been reported or the enzyme has been
characterized with respect to modification by NBS; ‡values are calculated for the complete
sequence and do not consider protein processing.

With respect to binding of substrate by xylanase, arginine, tryptophan, and tyrosine residues
may be involved via either stacking interactions or hydrogen bonding with the xylose residues
[82,97,99,100,103,105–108]. Stacking interactions between carbohydrate and aromatic residues are
common in glycosidases [109,110]. The interaction between substrate and a tryptophan residue, for
example, is proposed to stabilize the transition state for glycosidic bond hydrolysis [111]; a tryptophan
is essential for binding of the enzyme to substrate in order to carry out hydrolysis [80,112]. Modeling
studies with xyloheptose in the T. lanuginosus active site show that Trp18 is involved in a stacking
interaction with the sugar at subsite −2. X-ray crystallographic analysis of inactivated B. circulans
Xylanase A (XynA) co-crystallized with xylotetraose revealed a large number of interactions of
carbohydrate with aromatic residues [99], including a stacking interaction between Trp9 and one of the
xylose residues. The analogous Trp18 of Trichoderma reesei Xylanase II (Xyn II) is found in the
substrate binding cleft, along with Trp96 and Tyr179 [101]. Inactivation of T. reesei Xyn II with the
mechanism-based inhibitor 2',3'-epoxypropanyl-β-D-xyloside and crystallographic analysis of the modified
protein revealed a covalently modified Glu86, with the xylosyl residue occupying subsite −2 packed
against Trp18 [102]. The binding of substrate was proposed to induce a conformational change that closes
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the thumb, necessary for optimal catalytic activity. In the T. lanuginosus xylanase, Ile128 of the thumb is in
position to interact with the indole ring of Trp79; this interaction perhaps stabilizes the loop [79].
Within the group of family 11 xylanases, there is peak activity at 40–80 °C and pH 4.0–6.5 [113].
Xylanases isolated from B. circulans and B. subtilis have an optimum pH of about 6 and an optimum
temperature of 55 °C, while xylanase from T. lanuginosus has an optimum pH of 6.5 and optimum
temperature of 70 °C [79]. Generally, family 11 xylanases with pH optima <5.0 have an aspartic acid
adjacent to their general acid-base catalytic residue, and those with optima >5.0 have an asparagine
(B. subtilis N44) in the same place [82]. The xylanase obtained from C. subvermispora, a white rot
fungus commonly used for biopulping, possesses an optimum pH of 5.0 and an optimum temperature
of 60 °C [83]. The xylanase exhibits good thermal stability at 40 °C and 50 °C, but some activity loss
occurs within a few hours at 60 °C. Surprisingly, no sequence or structure has been published for a
C. subvermispora xylanase, so therefore the family to which this enzyme belongs is not known.
Figure 3. Clustal W 2.1 xylanase multiple sequence alignment [114]. The catalytic Glu
residues are indicated with arrows. Identical residues for all sequences are given by “*”,
while conserved and semi-conserved substitutions are given by “:”and “.” respectively.
Accession numbers for these sequences are Bacillus agaradhaerens PDB 1QH7 [103],
Bacillus circulans 1BCX_A [99], Bacillus subtilis 2Z79_B [115], Fibrobacter
succinogenes P35811 [116,117], Penicillium citrinium BAE71133 [118],
Thermomyces lanuginosus SwissProt O43097 and PDB 1YNA [119], and Trichoderma
reesei ACB38137 [120]. The F. succinogenes XynC-B sequence does not show a linker
region of four serine residues at the N terminus.
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B_subtilis
B_circulans
P_citrinum
T_reesei
T_lanuginosus
B_agaradhaerens
F_succinogenes_XynC-B

---------------------------------------ASTDYWQNWTDGGGIVNAVNGSGGNYS
---------------------------------------ASTDYWQNWTDGGGIVNAVNGSGGNYS
--MPSLTSLFSFFALASGAFSATADLSKRESYTSSSTGTSNGYYYSFWTDGQGDITYSNGAAGEYS
------------------------------QTIQPGTGYNNGYFYSYWNDGHGGVTYTNGPGGQFS
------------------------------QTTPNSEGWHDGYYYSWWSDGGAQATYTNLEGGTYE
-----------------------------XIVTDNSIGNHDGYDYEFWKDSGGSGTMILNHGGTFS
KGNGNVSGKIDACKDVMGHEGKETRTQGQNNSSVTGNVGSSPYHYEIWYQGGNN-SMTFYDNGTYK
.
:. * :.
.
* :.
↓
VNWSNTGNFVVGKG--WTTGSPFRTINYNAG----VWAPNGNGY------LTLYGWTRSPLIEYYV
VNWSNTGNFVVGKG--WTTGSPFRTINYNAG----VWAPNGNGY------LTLYGWTRSPLIEYYV
VTWSGDGNFVAGKG--WNPGGS-REVTFKG-----SYNPNGNSY------LSVYGWTQNPLIEFYI
VNWSNSGNFVGGKG--WQPGTKNKVINFSG-----SYNPNGNSY------LSVYGWSRNPLIEYYI
ISWGDGGNLVGGKG--WNPGLNARAIHFEG-----VYQPNGNSY------LAVYGWTRNPLVEYYI
AQWNNVNNILFRKGKKFNETQTHQQVGNMSINYGANFQPNGNAY------LCVYGWTVDPLVEYYI
ASWNGTNDFLARVGFKYDEKHTYEELGPIDAYYKWSKQGSAGGYNYIVDPLGIYGWT----VEYYI
*.. .:::
* :
. :
....*
* :***:
:*:*:

27
27
64
36
36
37
69

VDSWG-TYRPTG--TYKGTVKSDGGTYDIYTTTRYNAPSIDGDRTTFTQYWSVRQSKRPTGSNATI
VDSWG-TYRPTG--TYKGTVKSDGGTYDIYTTTRYNAPSIDGDRTTFTQYWSVRQSKRPTGSNATI
VEDFG-TYNPSSGATKKGTVTSDGSVYDIYTSERVNQPSIEG-TATFTQYWSVRQNKRSEG---TV
VENFG-TYNPSTGATKLGEVTSDGSVYDIYRTQRVNQPSIIG-TATFYQYWSVRRNHRSSG---SV
VENFG-TYDPSSGATDLGTVECDGSIYRLGKTTRVNAPSIDG-TQTFDQYWSVRQDKRTSG---TV
VDSWG-NWRPPG-ATPKGTITVDGGTYDIYETLRVNQPSIKG-IATFKQYWSVRRSKRTSG---TI
VDDWFNKPGANLLGQRKGEFTVDGDTYEIWQNTRVQQPSIKG-TQTVRKSFPQYFSARSCG---HI
*:.: . .
* . **. * : . * : *** *
*. : :.
. *. *
↓
TFSNHVNAWKSHGMNLGSNWAYQVMATEGYQSSGSSNVTVW---------- 185
TFTNHVNAWKSHGMNLGSNWAYQVMATEGYQSSGSSNVTVW---------- 185
TTGNHFNAWKNLGMDL-GSFNYMIVATEGYYSSGSADITVS---------- 217
NTANHFNAWAQQGLTL-GTMDYQIVAVEGYFSSGSASITVS---------- 190
QTGCHFDAWARAGLNVNGDHYYQIVATEGYFSSGYARITVADVG------- 194
SVSNHFRAWENLGMNM-GKMYEVALTVEGYQSSGSANVYSNTLRINGNPLS 207
DITAHMKKWEELGMKM-GKMYEAKVLVEA---------------------- 221
: *. *
*: : .
: .*.

144
144
177
150
150
157
193

81
81
116
89
89
97
131
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3.3. Susceptibility of Xylanase to Oxidative Inactivation
Incubation of T. lanuginosus xylanase with the LMS using T. versicolor laccase and HBT as
mediator resulted in rapid xylanase inactivation. This was demonstrated to be an active site directed
process by observing saturation of the inactivation and protection by the xylanase substrate xylan [40].
Inactivation occurred as a result of tryptophan oxidation, evidenced as a decrease in protein
fluorescence and identification via mass spectrometry of conversion of at least Trp17 and Trp18 to
oxindolealanine residues. The LMS was also demonstrated to inactivate xylanase using NHA as
mediator [8].
In an effort to identify key catalytic residues, many investigators have treated xylanase with
active-site directed agents, including, most relevant to this discussion, the oxidizing agent NBS. NBS
is specific for tryptophan, effecting the conversion of tryptophan residues to oxindolealanine residues.
There are many accounts of xylanase modification by NBS, providing evidence for an active site
tryptophan, including the Bacillus sp. [82], Chainia sp. [121], Fibrobacter succinogenes [122],
Schizophyllum commune [123], and Streptomyces sp. T7 [124] enzymes. As an early example of this
method applied to another type of glycosidase, lysozyme, X-ray crystallography revealed that
oxidation and concomitant rotation of the indole moiety of Trp62 was sufficient to completely inhibit
binding of substrate and therefore inactivate the enzyme [96,125]. Generally, inactivation studies of
xylanase by NBS follow the absorbance change at 250–280 nm, from which the number of tryptophan
residues oxidized per mole of enzyme can be calculated [126–128]. This topic is pertinent due to the
susceptibility xylanase to oxidative inactivation by the LMS.
Titration of the alkalophilic Bacillus sp. Xylanase C with NBS resulted in loss of 85% activity
concomitant with modification of just one Trp residue [82]. The Km of the partially inactivated
xylanase increased, implicating a tryptophan in substrate binding. Xylan protected the enzyme against
inactivation, a further indication of tryptophan in the active site. Bacillus sp. Xylanase C shows
extreme similarity to the sequence of B. agaradhaerens xylanase, although the former has a pH
optimum at pH 8.0 while the latter has a pH optimum of 5.6 [129]. In the alignment of seven family 11
xylanases shown in Figure 3, Trp19 of B. agaradhaerens, equivalent to Trp9 of B. subtilis, is
conserved in all, and is also highly conserved among family 10 xylanases. Trp19 has been implicated
in xylanase activity through chemical modification, leading many investigators to site the key role of
tryptophan at the active site [40,99,124,130–132].
F. succinogenes S85 Xylanase C (XynC), with a molecular mass 63,850 Da, is composed of the
three distinct domains A, B, and C, each separated by serine-rich linker peptides [96]. XynC-A and
XynC-B are family 11 xylanases. Despite 42.9% identity and 71.3% similarity in amino acid sequence
homology, XynC-A and XynC-B exhibit different substrate specificity. XynC-A contains four
tryptophan residues, all oxidizable by NBS, and XynC-B contains seven tryptophan residues, including
three found in XynC-A, but only two oxidizable by NBS [122]. The addition of NBS to
F. succinogenes XynC-B demonstrated that at 18:1 molar ratio of NBS to enzyme, six of the seven
tryptophan residues in XynC-B were oxidized. A molar ratio of about two NBS molecules per molar
equivalent of protein was sufficient to inhibit 50% of enzyme activity; the further addition of five
molar equivalents of NBS resulted in less than 10% activity. On average, oxidation of three tryptophan
residues resulted in inactivation. Xylose prevented the oxidation of two tryptophan residues, and the

Catalysts 2014, 4

12

enzyme retained 60% activity even after addition of near 10-fold molar excess of NBS. With
xylohexaose, about 80% activity was preserved even at a molar ratio of 10:1 NBS:xylanase, with only
one of the three most susceptible tryptophan residues oxidized at that same NBS:xylanase ratio as in
the absence of xylohexaose. These three most labile tryptophan residues were found to be Trp135,
Trp161, and Trp202 (equivalent to B. subtilis Trp85, Tyr108, and Trp153). In contrast to Trp135 and
Trp161, which are often replaced by phenylalanine or tyrosine in other family 11 xylanases [133],
Trp202 is one of two totally conserved tryptophan residues in the family (the other is F. succinogenes
Trp125, equivalent to B. subtilis Trp71) and occurs in the α helix, at the interface between the helix
and the back of the β sheet which forms the active site cleft. Trp202 is not anticipated to directly
interact with substrate, but is solvent accessible so could be subject to oxidation by NBS.
In a departure from this pattern, the addition of NBS to Penicillium citrinium xylanase resulted in
no loss of xylanase activity, even though fluorescence decreased up to a molar ratio of 10:1
NBS:xylanase. The authors suggested that tryptophan residues may be present in the
microenvironment but not involved in catalysis [104].
3.4. Protection of Xylanase via Adsorption to Pulp
Xylanase that is applied for biobleaching is often adsorbed to pulp, which prevents recovery and
recycling of the enzyme. Additionally, xylanase may be inhibited by unidentified components of pulp
leachate [134]. However, xylanase that is adsorbed to fiber is more likely to be resistant to oxidative
damage. To further understand these phenomena, a variety of hardwood and softwood pulps, from
both kraft and sulfite processes, were provided as substrates for xylanases from Aureobasidium
pullulans, B. circulans, S. commune, Thermoascus aurantiacus, and Trichoderma harzianum. Various
degrees of recovery were observed for the T. harzianum xylanase in filtrate, and the differences were
based upon the pulp type, where more xylanase was recovered from pulps of higher kappa. This may
be an indication of either the accessibility of xylanase to fiber based on lignin content or there may be
differences attributable to lignin type resulting in variable enzyme binding properties [135]. The
A. pullulans and S. commune enzymes were well recovered from a variety of pulps, and this was
especially true for S. commune xylanase, with even greater than 100% activity in some cases, perhaps
due to activation of the enzyme by some pulp constituent. For example, while p-coumaric acid is
known to inhibit F. succinogenes xylanase, both ferulic acid and vanillin activate this enzyme [136].
In another study aimed to evaluate the adsorption of hydrolytic enzymes to pulp, a mix of three
T. reesei cellulases, a T. reesei xylanase (Xyn11), and an Aspergillus niger β-glucosidase was applied
to three different types of pulp [137]. Previous studies had indicated that adsorption equilibrium for
cellulases is achieved within 10–20 min at pH 4.8–5.6, irrespective of temperature, enzyme dose,
enzyme purity, and substrate lignin content, although increasing pH leads to decreased adsorption due
to changes in the charge distribution of the enzyme [138]. In the analysis, the adsorption of a mixture
of five different enzymes with total protein load of 25 mg/g cellulose was assessed in a reaction at 2%
cellulose consistency, pH 5.0, and 35 °C with constant stirring. The time zero point of adsorption on
the substrates was obtained by incubating the enzyme mixture on the substrates at 4 °C for 30 min. The
pulp substrates included steam pretreated softwood, catalytically delignified spruce, and a commercial
microcrystalline cellulose, Avicel. The delignified spruce and Avicel samples represent almost pure (at
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least 94%) cellulose, while the steam pretreated softwood contained 51.5% carbohydrate and 32.5%
lignin on a dry weight basis.
The xylanase evaluated in this mixed enzyme study did not possess a xylan- or cellulose-binding
module. Therefore, as expected, xylanase was initially adsorbed to the substrates to a much lower
extent than the cellulases. With respect to the xylanase, at time zero only a little over 25% of xylanase
activity was detectable in supernatant of steam pretreated softwood application, versus about 60% for
catalytically delignified spruce and about 80% for Avicel. Confirmation that the proteins were
adsorbed to the substrate rather than in an inactive form in the supernatant was accomplished by
quantifying the amount of protein in the hydrolysis supernatants via gel separation and imaging.
Xylanase activity correlated with the amount of protein in the hydrolysis supernatant. The enzyme was
demonstrated to bind most well to steam pretreated softwood, in that the enzyme was adsorbed rather
rapidly after the hydrolysis of steam pretreated softwood started, and after 6 h less than 1% of the
original enzyme remained in the supernatant. Within 24 h xylanase was completely bound to Avicel as
well, with no enzyme activity or protein found in the hydrolysis supernatant.
The fate of S. lividans xylanase was considered to ensure that no residual enzyme remained on fiber
that might come into contact with food or personal care items [139]. Radiolabeled xylanase was
applied to softwood kraft pulp at 50 units/g od pulp (about 10 times higher than the commercial rate of
5 units/g od pulp), and then the xylanase stage was followed with (C+D)EDED bleaching. After the
xylanase stage, 91% of the original activity of xylanase was associated with the pulp, while 3.8% was
measured in the filtrate, amounting to recovery of 95% of the activity. The pulp, without washing, was
carried onto the bleaching sequence. After the first stage, the C+D stage, 2% of the original xylanase
activity could still be detected on pulp and 1.25% was found in the filtrate. The loss of enzyme through
the bleach sequence was attributed to the extreme temperature and pH (2 for the C+D stage), although
enzyme inactivation via oxidation must be considered too.
4. Mixed Enzyme Systems on Wood, Straw, and Grass (Biopulping)
The effectiveness of a complement of hydrolytic and oxidative enzymes to simultaneously digest a
fibrous substrate is well documented in the biopulping literature. Biopulping is based upon the ability
of some fungi to adsorb to wood chips and to produce extracellular enzymes and selectively degrade
lignin in wood while leaving cellulose substantially intact [140,141]. For example, bagasse and
sawdust were both effective substrates for production of xylanase and phenol oxidase by the
thermophilic fungus T. aurantiacus [142]; the activities were measured at day 10 of culture growth.
Similarly, maize bran, wheat bran, and sugar beet pulp could each induce the simultaneous production
of both laccase and xylanase by P. cinnabarinus, measured at days 6–12 [31].
Generally, in the case of white rot fungi, there are two possible routes of wood decay:
(1) simultaneous degradation of all wood components, where several polymer-degrading enzymes act
on the accessible wood cell wall surfaces simultaneously, with progressive degradation from the lumen
to the middle lamella resulting in a thinning of the wood cell wall [143], and (2) a more selective
degradation of lignin and polyoses without progressive thinning of wood cell walls [144]. In the latter
case, the wood cell wall is inaccessible to enzymes with molar mass greater than about 40 kDa [145].
The white rot fungus C. subvermispora, with demonstrated selectiveness and effectiveness on
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Eucalyptus grandis and Pinus taeda wood chips [146], exemplifies this mode of wood degradation.
Since C. subvermispora enzymes cannot penetrate the wood cells, low molecular weight agents such
as chelated Mn3+ must accomplish the decomposition. These low molecular weight oxidants are
generated and activated by enzymes in the cell lumina [147], resulting in extensive degradation of
lignin in the middle lamellae.
C. subvermispora does not express lignin peroxidase, although LiP-like genes have been detected.
The main oxidative enzyme utilized by this fungus during growth on wood is MnP. Laccase
production during the initial stages of decay can be stimulated by the addition of readily available
carbon and nitrogen sources [146,148]. C. subvermispora produces hemicellulases and an incomplete
set of cellulases, the latter described as such due to the absence of cellobiohydrolase activity [69,149].
The organism is also devoid of β-xylosidase, given no detectable xylose in wood extracts [141].
C. subvermispora produces low molecular mass compounds such as oxalic acid, glyoxylic acid, and
unsaturated fatty acids [146]. Degradation of nonphenolic lignin proceeds by one electron oxidation of
the aromatic ring [150] or by hydrogen atom abstraction at the benzyl position [151]. Mn3+-oxalate,
produced in the MnP cycle, is proposed to oxidize unsaturated lipids to peroxyl radicals [152]. Unlike
chelated Mn3+, which cannot oxidize nonphenolics [148], the MnP-lipid system is strong enough to
oxidize nonphenolic β-O-4 lignin model compounds [153].
C. subvermispora grows aggressively and can be used on both hardwoods and softwoods [146].
Ferraz et al. considered the biopulping of E. grandis by C. subvermispora; the authors were interested
in the connection between the pattern of wood decay and enzyme production [146]. Solid state growth
of the organism on wood chips was performed using malt extract as a co-substrate, and the activities of
xylanase, cellulase, β-glucosidase, laccase, and peroxidase were followed, while also measuring the
changes in polysaccharide and lignin contents. When assessed over time, up to 90 days, there was little
glucan loss until about 60 days, with the maximum loss of just 7.3% at 90 days. Coincident with this,
there was virtually no measurable cellulase activity; this was confirmed in a subsequent report, also of
C. subvermispora grown on either E. grandis or P. taeda wood chips, where hemicellulases
predominated over cellulases, with no detectable cellobiohydrolase [83]. Total cellulose hydrolysis
activities were low but there was some cellulose depolymerization, evidenced as a viscosity decrease.
Fenton chemistry, based upon Fe2+ and H2O2, was proposed to be responsible for this. In the same time
frame (90 days) the lignin loss was 27% and the extractives loss was 42%. This confirms the
selectiveness of C. subvermispora towards lignin and extractives removal [146]. Xylanase activity
peaked at days 15 (960 units/culture) and 30 (942 units/culture), while laccase activity was greatest at
day 30 (12.6 units/culture); most significantly, the peak of these hydrolytic and oxidative enzymes
occurred at the same culture age. Of special note is that laccase was detected when C. subvermispora
was grown on E. grandis, but not when grown on P. taeda. This might be attributable to differences in
the copper content of the wood [141]; copper is a known inducer of laccase. Only peroxidases were
detected in the case of C. subvermispora growth on P. taeda, and the lignin was extensively
depolymerized at the initial wood decay stages [146].
To determine the impact of various culture supplements such as glucose, corn steep liquor, and
Mn2+ on enzyme production, C. subvermispora was grown on E. grandis for two weeks, and then the
extracted enzymes were evaluated, including MnP, laccase, and xylanase [154]. MnP was detected
under all culture conditions, as was xylanase. For both MnP and xylanase, culture conditions that
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promoted fungal growth also raised the level of these enzymes. Concomitant with fungal growth, the
pH of the wood chips decreased from 5.0 to 3.5, attributable in part to oxalic acid production. Laccase
was observed in cultures supplemented with corn steep liquor or glucose, with a peak in activity on
day 4, and then a drop to zero by about day 6. Laccase activity and xylanase activity were concurrently
present. Under all culture conditions assayed, carbohydrate losses were lower than 3%, while lignin
loss varied from only about 3% to 9%. This is a typical initial stage decay pattern for wood
degradation by C. subvermispora. Significantly, high levels of xylanases were not sufficient to degrade
large amounts of xylan. Cultures with large amounts of secreted xylanases had previously been
reported to be inefficient for xylan degradation due to the limited lignin removal [155]. Lignin
degradation or transformation did not correlate with MnP levels; even low amounts of MnP could be
sufficient to result in significant lignin removal. The lack of correlation between lignin degradation
and MnP activity was also observed in biobleaching experiments with T. versicolor [156]. The low
water solubility of unsaturated fatty acids was proposed to limit lignin degradation by MnP-generated
peroxyl radicals in cultures where high levels of MnP were observed.
In a study examining the hydrolytic and oxidative enzymes produced by white rot fungi and brown
rot fungi during decay of E. grandis over 150 days, the fungi providing the highest values of lignin
loss were also responsible for the highest values of polyose removal [155]. While only white rot fungi
produce oxidative enzymes, both brown rot and white rot fungi produce hydrolytic enzymes
throughout the biodegradation process, with brown rot organisms producing higher amounts. For
example, Wolfiporia cocos, a brown rot fungus, produced a peak near 1250 xylanase units at day 15,
and then again a smaller peak of 127 units at day 150. In contrast, T. versicolor, a white rot fungus,
produced only 335 xylanase units at day 15 and then just near 40 units of laccase on day 60.
T. versicolor and Pycnoporus coccineus, which produced the highest final lignin loss values, were also
the best producers of oxidative enzymes, particularly laccase. Overall, however, the production of a
large amount of enzymes did not necessarily correlate with loss of the particular wood component, and
polysaccharide degradation was closely dependent on the extent of lignin removal. Lignin removal
caused wood cell wall permeability, facilitating xylanase diffusion into and action on the polyose of
the wood cell walls [145,155].
5. Mixed Enzyme Systems on Pulp
Xylanase functions to remove xylan, consequently breaking the link between cellulose and lignin
and facilitating removal of the latter in subsequent bleaching stages [9,10,157,158]. Xylanase also
induces lignin removal from the fiber surface and thus improves reagent penetration in subsequent
bleach stages [157,159]. By either mechanism, xylanase makes fibers more accessible for penetration
of the LMS. This has been demonstrated by a number of investigators using a variety of pulp types and
enzyme preparations. A combined xylanase plus LMS treatment is more effective than a xylanase
treatment alone due to the direct action of LMS on lignin [33,42,45,47,62]. Specific examples of
mixed enzyme systems follow. Summary results are provided in Tables 3 and 4.
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5.1. Sequential Xylanase and Laccase Application
As early as 1993, Kantelinen et al. considered application of lignin-modifying Phlebia radiata
enzymes for bleaching of pine kraft pulp [160] in combination with Streptomyces olivochromogenes
xylanase, prior to a peroxide stage. When laccase was used alone, there was an insignificant change in
kappa, and there was a decrease in brightness, the latter likely due to oxidation of phenols to quinones.
In a sequential xylanase then laccase treatment, the hemicellulase was demonstrated to improve the
accessibility of lignin to laccase, since after a peroxide stage the brightness increased (from 55.8 to
56.5 ISO) and the kappa decreased (from 16.5 to 15.8) in comparison to a xylanase only treatment. No
mediator was used in this study.
A sequential xylanase-laccase treatment has also been applied to wheat straw pulp. Non-wood pulps
such as wheat and rice straws are particularly important in China [9]. The study used a commercial
xylanase, Pulpzyme HC (Novo Nordisk). The laccase treatment employed the laccase mediator system
with HBT as mediator; the laccase was isolated from P. cinnabarinus, induced by ferulic acid. While
the XE and LE sequences effected 35.4% and 47.0% delignification, respectively, the XLE sequence
accomplished 64.6% delignification. Further, the molecular mass of the alkaline extracted lignin
decreased, but only after the LE or XLE treatments, not after the XE treatment. This indicates that the
laccase mediator system accomplishes lignin depolymerization. The enzyme treatment reduced the
chlorine consumption and resulted in higher final brightness [36]. Due to the differences in the pH
optima of the two enzymes, a combined treatment at the optimum conditions of either of the enzymes
did not improve the results obtained with the sequential enzyme treatment.
Valls and Roncero [49], in an examination of LMS process variables, used oxygen-delignified
Eucalyptus globulus kraft pulp as a substrate for the sequential enzyme treatment with Bacillus sp.
xylanase, Trametes villosa laccase (Novozyme NS-51002), and HBT as mediator. HBT was
demonstrated to be effective at lower dose when the laccase stage was preceded by a xylanase stage. If
only a laccase stage was performed, a kappa decrease and brightness increase was only significant with
an HBT dose of 1.4–2.5% on pulp. In contrast, the XL sequence resulted in a kappa decrease and
brightness increase over the entire range (0.5–2.5%) of HBT on pulp. All XL pulps exhibited a smaller
kappa number. When a xylanase stage preceded the LMS, a similar brightness and smaller kappa
number could be obtained with 30% less laccase (14.3 units/g od pulp), 80% less HBT (0.5%) and a
45% shorter reaction time (4 h), compared to the LMS alone. Overall, the xylanase treatment was
demonstrated to facilitate access to cellulose fibers, thereby boosting the effect of the LMS in reducing
the residual lignin content and releasing more hexenuronic acids.
In a continuation study, using the same pulp and enzyme sources, Valls et al. [161] proceeded to
vary laccase dose (1–20 units/g od pulp), mediator charge (0.5–2.5% od pulp), and time (1-7 h); the
xylanase dose remained constant at 3 units/g od pulp. The pulp treated with the sequential XL
treatment was determined to have a kappa number 1–2 units smaller than pulp treated only with an L
stage, but brightness results were similar. Based on modeling of the XL results, the point at 20 laccase
units/g od pulp, 2.5% HBT on pulp, reacting for 5.3 h would be expected to provide the smallest kappa
number (4.6) and that at 8.3 laccase units/g od pulp, 2.5% HBT on pulp, reacting for 7 h would give
the highest brightness (62.1% ISO). With respect to pulp viscosity, low process levels of laccase dose,
HBT charge, and time, had no effect on viscosity while medium and high levels reduced viscosity
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slightly, by about 100 mL/g. The LMS reduced the HexA content regardless of whether a xylanase
stage was performed, but HexA content was lower in XL pulp than in L pulp. There was a lack of
brightness development at high laccase dose attributed to quinone formation [55,162]. Further, while
low process levels led to only modest laccase activity loss (26%), at medium and high levels laccase
activity loss was substantial, at 90% and 97%, respectively, consistent with previous observations of
laccase inactivation by oxidized mediators [24,34,51,163].
Valls et al. [161] further determined that a shorter reaction time could effectively remove lignin,
measured as kappa decrease, but there was not much change in brightness. In contrast, a longer
reaction time did not result in much more lignin removal, since there was no further kappa change, but
there was a brightness increase. As a consequence the authors proposed that during the first phase of
the reaction all accessible lignin is oxidized and in second phase of the reaction brightness increases
due to modification of previously oxidized lignin or due to removal of colored compounds containing
carbonyl or carboxyl groups.
The combined application of xylanase and laccase can be useful for removal of HexA, including
from sisal (non-wood) fibers [164,165]. HexA is produced during kraft pulping via conversion of
4-O-methylglucuronic acid residues in xylan to the unsaturated hexenuronic acid [165]. HexA units
contribute to kappa number and retain metal ions via chelation, and so therefore increase bleach
chemical consumption. HexA units also cause brightness reversion and contribute to process scaling
via calcium oxalate formation [49,166]. Xylanases can reduce HexA by releasing xylan from the fiber
surface [49,158,161].
The change in the HexA content of sisal pulp was followed during a bleaching sequence performed with
and without a xylanase stage and including an LMS treatment, where either the natural compound sinapyl
aldehyde or the synthetic compound violuric acid was used as laccase mediator. Sinapyl aldehyde is
reported to be the best of the p-hydroxycinnamic compounds as a natural laccase mediator [59]. When
Agave sisalana soda-anthraquinone pulp was treated with xylanase (Novozyme Pulpzyme HC) and
with T. villosa laccase (Novozyme NS-51002), there was an unexpected increase in kappa by about
one unit when laccase was used in combination with sinapyl alcohol, regardless of prior xylanase
treatment relative to the control pulp. There was also loss of brightness with the laccase-sinapyl
alcohol system. The authors proposed a different mode of action for sinapyl alcohol as mediator versus
violuric acid, attributable to phenoxyl radical formation upon laccase oxidation of sinapyl alcohol; this
is not possible for violuric acid. Overall, the pulp samples treated with the laccase-sinapyl alcohol
system showed no reduction in HexA, in contrast to the laccase-violuric acid system, an indication that
mediators follow distinct mechanistic paths.
In a further study of the impact of the xylanase and laccase on HexA removal, E. globulus kraft
pulp was bleached via the LE and XLE sequences using xylanase isolated from Bacillus sp. and
commercial T. villosa laccase (Novozyme) [165]. The laccase HBT system was determined to remove
HexA only after all accessible lignin was removed, and the extent of HexA removal was only
dependent on laccase and mediator doses, not on reaction time. While more HexA was removed by the
laccase HBT treatment relative to laccase only, HexA was even more effectively removed by XLE
sequence rather than just the LE sequence. Xylanase was able to increase the accessibility of the
laccase HBT system to HexA on the fiber surfaces, resulting in a reduction in the kappa number. When
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high levels of process variables were applied, the XLE sequence accomplished 55% reduction of
kappa number, versus a 44% reduction for the LE sequence.
The combination of cellulase or hemicellulase with the laccase-violuric acid system has also been
considered for deinking to produce pulps with improved physical and optical properties; the enzyme
combination is anticipated to be highly efficient and have low environmental impact [9,160,167]. The
work was based on the proposal that the combination of a xylanase stage followed by a laccase-gallic
acid treatment may have a synergistic delignification effect [168]. Shredded ONP was pulped with
either cellulase (Novozyme 476) or hemicellulase (Pulpzyme HC) for 25 min at 55–60 °C, and then
with laccase (Novozyme NS-51003) and violuric acid for 30 min at the same temperature. The greatest
brightness increase was observed after combination of the hemicellulase then laccase-violuric acid
system; this pulp also showed a good increase in specific surface area and specific volume, although the
greatest specific surface area was observed for pulp treated only with laccase-violuric. ESEM images
showed changes in the fiber surface, in that the surface was rougher and more fibrils were discernible after
either the cellulase or hemicellulase treatment. Generally, changes in fiber morphology such as cracks,
pores, and peeling were observed in enzyme-combining deinked pulps. These cracks and pores were
proposed to facilitate the diffusion of lignin out through the fiber cell wall.
5.2. Simultaneous Xylanase and Laccase Application
In an early study of the simultaneous use of T. versicolor laccase and T. reesei xylanase, application
of the LMS using HBT as mediator with xylanase in a single stage was found to be relatively
ineffective, and this was attributed to the inactivation of xylanase by the oxidized mediator [8,88].
Laccase was also susceptible to inactivation [34,169].
Since NHA is known to cause less damage than HBT to laccase, and so then perhaps xylanase, the
combination of NHA with xylanase and laccase was evaluated [8]. Both the simultaneous and
sequential combination of T. reesei xylanase with T. hirsuta laccase-mediator bleaching systems
resulted in an enhancement of pulp bleachability. The greatest delignification occurred in the
sequential treatment (70.6% delignification), followed next by the simultaneous enzyme application
(67.2% delignification) versus 63.8% for the LMS alone. Significantly, the simultaneous enzyme treatment
with NHA as mediator produced greater delignification than the sequential enzyme treatment with HBT as
mediator (67.2% versus 65.5%). The beneficial effects of combined treatments extended also to pulp
brightness values, with the highest brightness value observed in pulps treated sequentially with xylanase
and the LMS using NHA as mediator (62.2% ISO versus 61.3% for the simultaneous treatment).
The combination of T. hirsuta laccase and Ecopulp X-200 (Primalco Ltd Biotec, Rajamäki,
Finland), a commercial xylanase, whether sequential or simultaneous, was determined to be better than
either enzyme stage alone [7]. A xylanase stage, before or together with the LMS, using HBT as
mediator, slightly improved the effect of LMS and gave a higher final brightness after peroxide
bleaching than without the xylanase treatment. For example, the brightness after the sequential XEnQP
sequence was 88.5% versus 88.1% after the simultaneous (X+En)QP sequence. Further, the pulp
bleached with the simultaneous enzyme combination consumed less H2O2 (1.2% versus 1.4%) and
exhibited a higher final viscosity (750 mL/g versus 720 mL/g) than the pulp bleached with a sequential
enzyme combination.
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Given that the successive application of xylanase followed by laccase had been reported to increase
delignification [9,11], then the simultaneous application of laccase, cultivated from T. versicolor on
wood, and a commercial xylanase (Novozyme Pulpzyme HC) was expected to be at least as
effective [170]. A eucalyptus pulp, kappa 18.2, was subjected to sequential and simultaneous xylanase
and laccase stages, using HBT as mediator for the laccase treatment. While the LEpDoEpD1 sequence
resulted in a 45.6% reduction of ClO2, both the simultaneous ([X+L]EpDoEpD1) and sequential
(XLEpDoEpD1) sequences provided a 55.0% reduction of ClO2 to achieve final pulp properties
comparable to the reference pulp. The simultaneous and the sequential combinations of xylanase with
the LMS showed the same reduction in bleach chemical consumption.
One further mixed enzyme system based on xylanase and laccase was demonstrated to be effective
despite no mediator addition. Penicillium oxalicum and Pleurotus ostreatus were co-cultured for xylanase
and laccase, respectively, via solid-state fermentation in an intermittent rotating bioreactor [16]. The
obtained laccase-xylanase mixture was applied at 8 units/g od pulp in a ratio of 22:1 xylanase:laccase
to a 60:40 eucalyptus:poplar pulp mix. No exogenous mediator was applied, although a native
mediator might have been present in the enzyme extract. The simultaneous enzyme application resulted
in a 21% reduction in kappa (from 14.0 to 11.1) and an 8% increase in brightness (from 35.5 ISO to
38.3 ISO); there was no subsequent extraction. In contrast, a xylanase only treatment provided just a
4% reduction in kappa (to 13.4) and a 4% increase in brightness (to 37.0 ISO). The investigators
proposed that the synergistic action of xylanase and laccase caused simultaneous dissociation and
degradation of lignin into smaller phenolic compounds, resulting in more effective delignification of
pulp [16]. The action of xylanase and laccase also resulted in improved fiber quality: the fiber
morphology after enzyme treatment exhibited greater porosity, swelling, separation, and peeling of
pulp fibers in comparison to the smooth surface of untreated pulp [16].
5.3. Xylanase and MnP Application
There have been several accounts of the effectiveness of xylanase in combination with an oxidative
enzyme other than laccase, notably, xylanase in a sequential process with either LiP or MnP [21,22]. For
example, Niku-Paavola et al. [22] evaluated the sequential treatment of oxygen delignified pine kraft pulp
with xylanase and MnP. There was a significant improvement in brightness when the sequential enzyme
treatment was followed by two peroxide bleach stages, demonstrating that a lignin-modifying enzyme such
as MnP can increase the bleachability of lignin when combined with xylanase. Xylanase was noted to
increase the permeability of pulp which will therefore improve bleachability.
One of the most convincing accounts of synergistic delignification by a mixed enzyme system was
demonstrated via application of MnP and xylanase. As noted by Bajpai et al. [36], the results of
Bermek et al. [20] using the combination of MnP and xylanase clearly show that single enzymes are
not able to mimic the complete biological system. The study was accomplished using hardwood kraft
pulp at pH 4.5 treated with T. versicolor MnP at 50 units/g od pulp and T. reesei xylanase at 4.5 units/g
od pulp [20], with key variations of temperature and peroxide application. The enzyme bleached pulp
was then treated with EDTA prior to an alkaline peroxide stage.
There was a fairly dramatic impact of temperature on the delignification, with an optimum
temperature of 40 °C. Further, the slow addition of H2O2, at 1.2 mL/h, to a maximum of
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0.0612 mmole/g od pulp, in a simultaneous enzyme treatment provided the greatest brightness increase
and kappa number reduction. Overall, when MnP and xylanase were used together, the pulp bleaching
effect was much better than their individual effects. As shown in Table 4, pulp bleaching with xylanase
and MnP simultaneously gave significantly higher pulp brightness than that obtained after the
treatment of pulp with xylanase and MnP sequentially, indicating that MnP and xylanase exhibit a
strong synergistic effect on pulp bleaching. Xylanase was proposed to increase MnP access to lignin,
which is more effectively accomplished in the simultaneous application.
Enzyme stability was also considered, with and without pulp, at 40 °C over 24 h. MnP was stable
without pulp in both the presence and absence of xylanase; however, MnP activity gradually decreased
by 60% over 24 h in the presence of pulp, regardless of the presence or absence of xylanase. The
investigators proposed the activity loss might be due to MnP adsorption to the pulp fibers. While
xylanase was stable with and without pulp in absence of MnP, xylanase gradually lost activity in the
presence of MnP, by 65% in 24 h without pulp. MnP also induced loss of xylanase activity in the
presence of pulp, although much more gradually and to a lesser extent: the xylanase activity decreased
by 30% in the first 3 hr and then remained stable over the next 21 h. In the case of xylanase in the
presence of pulp the authors note that even at time zero there was much less xylanase activity than in
the xylanase sample without pulp, a certain indication of xylanase adsorption to the fiber [20].
6. Obstacles
There are two obvious considerations regarding simultaneous application of mixed enzyme systems
such as xylanase and laccase to a lignocellulosic substrate. First, the enzymes often possess different
pH optima, with xylanases and laccases generally showing maximum activity from pH of 4–6.5 and
2-5, respectively. However, as noted by Sigoillot et al. in their study of P. cinnabarinus grown on
substrates such as sugar beet pulp and maize for the production of an enzyme cocktail for bleached
pulp production, the temperature and pH profiles of xylanase and laccase were found to be very
similar, with an optimal pH of about 5.0 and a thermal stability of up to 55 °C [31]. Ultimately, the
extent of enzyme compatibility may depend on both the enzyme source and the substrate [171]. Since
both enzymes are readily commercially available, enzyme dose could be increased to compensate for
decreased enzyme activity at a given pH, provided the process economics could accommodate the
increased enzyme charge.
The second challenge to a mixed enzyme system application is that the LMS is known to inactivate
xylanase and in some accounts even laccase itself [8,34,40,88,169]. However, xylanase inactivation
can be slowed via protection by its substrate xylan; in fact, loss of xylanase activity from supernatant
in heterogeneous pulp systems may be attributable to enzyme binding to fiber, not to inactivation. As
precedent for the dual function of mixed enzyme systems, organisms such as C. subvermispora and
T. versicolor produce oxidative and hydrolytic enzymes simultaneously.
Overall, despite great commercial potential for a mixed enzyme system application, boundaries for
compatibility of these two enzyme systems have not been clearly defined. In particular, there has been no
systematic study of the susceptibility of xylanase to oxidative inactivation as a function of the oxidizing
environment. In contrast to xylanase inactivation by the laccase-HBT system, there are no reports of loss of
hemicellulolytic activity when xylanase is incubated with laccase-ABTS. Given the commercial availability
of xylanase and laccase, delineation of conditions that would allow for simultaneous application of such a
mixed enzyme system would be extremely advantageous.
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Table 3. Delignification of Pulp by Mixed Enzyme Systems.

Xylanase
Year/
Reference

Dose
(per g
od pulp)
2 units

1993/[160]

1997/[7]

Source organism Dose (per Source organism
or commercial
g od
or commercial
product
pulp)
product
Streptomyces
olivochromogenes

Dose

ID

-

-

-

-

Reaction conditions
Sequential or
simultaneous?

pH

Buffer

Temperature
(°C)

-

-

-

-

Pulp
consistency
(%)
-

-

5.0

citrate

45

dimethylsuccinate
citrate then
dimethylsuccinate
none
none
none
none
none
-

room
temperature

Initial
kappa

End bleach
sequence
Brightness Kappa

Delignification
(%)

-

Pine Kraft

33.7

P

35.9

21.8

35.3

2.5

24

Pine Kraft

31.8

P

55.8

16.5

48.1

2.5

24

Pine Kraft

33.7

P

38.8

22.1

34.4

45 then room
temperature

2.5

24 then
24

Pine Kraft

31.8

P

56.5

15.8

50.3

45
45
45
45
45
-

10
10
10
10
10
-

2
2
2
2
2
-

O2 Pine Kraft
O2 Pine Kraft
O2 Pine Kraft
O2 Pine Kraft
O2 Pine Kraft
O2 Pine Kraft
Pine Kraft

8.6
8.6
8.6
8.6
8.6
8.6
22.6

EQP
QP
QP
QP
QP
QP
EP

80.3
83.2
87.5
88.5
87.6
88.1
40.1

4.8
3.4
2.8
2.3
2.3
2.5
19.3

44.2
60.5
67.4
73.3
73.3
70.9
14.6

6 units

Phlebia radita

none

none

-

2 units

Streptomyces
olivochromogenes

6 units

Phlebia radita

none

none

Sequential XL

40 units
40 units
40 units
40 units
-

Trametes hirsuta
Trametes hirsuta
Trametes hirsuta
Trametes hirsuta
-

1%
1%
1%
1%
-

HBT
HBT
HBT
HBT
-

Sequential XL
Sequential LX
Simultaneous
-

5.0
then
4.5
4.5
4.5
4.5
4.5
4.5
-

-

-

-

-

-

5.0

none

45

5

2

Pine Kraft

22.6

EP

43.9

15.7

30.5

1%

HBT

-

4.5

none

45

10

2

Pine Kraft

22.6

EP

46.4

12.8

43.4

none

45

5 then 10

2 then 2

Pine Kraft

22.6

EP

50.8

10.4

54.0

none

45

4

2

Pine Kraft

23.5

EP

52.1

13.5

42.5

6 units
6 units
6 units
6 units
-

Ecopulp X-200
Ecopulp X-200
Ecopulp X-200
Ecopulp X-200
Trichoderma
reesei

-

-

30 units

Trametes
versicolor

12 units

Trichoderma
reesei

30 units

Trametes
versicolor

1%

HBT

Sequential XL

-

-

-

-

-

6 units
6 units
6 units
6 units
6 units

Trichoderma
reesei
Trichoderma
reesei
Trichoderma
reesei
Trichoderma
reesei
Trichoderma
reesei

4.5

Pulp type
Time (h)

Bleach
sequence
following
enzyme(s)

-

-

2002/[8]

Mediator

-

12 units
1997/[13]

Laccase

5.0
then
4.5
4.5

-

-

-

-

-

4.5

none

45

4

2

Pine Kraft

23.5

EP

55.4

11.4

51.5

30 units
30 units

Trametes hirsuta
Trametes hirsuta

1%
1%

HBT
NHA

-

4.5
4.5

none
none

45
45

4
4

2
2

Pine Kraft
Pine Kraft

23.5
23.5

EP
EP

58.4
59.5

9.7
8.5

58.7
63.8

30 units

Trametes hirsuta

1%

HBT

Sequential XL

4.5

none

45

4

2

Pine Kraft

23.5

EP

61.1

8.1

65.5

30 units

Trametes hirsuta

1%

NHA

Sequential XL

4.5

none

45

4

2

Pine Kraft

23.5

EP

62.2

6.9

70.6

30 units

Trametes hirsuta

1%

HBT

Simultaneous

4.5

none

45

4

2

Pine Kraft

23.5

EP

58.3

9.4

60.0

30 units

Trametes hirsuta

1%

NHA

Simultaneous

4.5

none

45

4

2

Pine Kraft

23.5

EP

61.3

7.7

67.2
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Table 3. Cont.

Xylanase
Year/Reference

2002/[9]

2006/[170]

2009/[49]

2010/[161]

2010/[16]

Laccase

Reaction conditions

Mediator

Dose
Source organism
Dose
Source organism
(per g
or commercial
(per g od or commercial
od pulp)
product
pulp)
product
1 unit
Pulpzyme HC
Pycnoporus
25 units
cinnabarinus

Sequential or
simultaneous?

pH

Buffer

Temperature
(°C)

7.0

phosphate

50

Pulp
consistency
(%)
5

-

5.0

acetate

50

phosphate
then acetate

Dose

ID

-

-

-

3%

HBT

Time
(h)

Pulp type

Initial
kappa

Bleach
sequence
following
enzyme(s)

Brightness Kappa

Delignification
(%)

2

Wheat Straw
Wheat Straw

24.0
24.0

E
E

nr
nr

17.3
15.5

27.9
35.4

5

4

Wheat Straw

24.0

E

nr

12.7

47.0

50

5

2 then 4

Wheat Straw

24.0

E

nr

8.5

64.6

1 unit

Pulpzyme HC

25 units

Pycnoporus
cinnabarinus

3%

HBT

Sequential XL

7.0
then
5.0

-

-

-

Trametes
versicolor

3%

HBT

-

4.0

acetate

45

15

5

Eucalyptus
Kraft

18.2

0.75 mg

Pulpzyme-HC

60 units

Trametes
versicolor

3%

HBT

Sequential XL

8.0
then
4.0

none then
acetate

50 then 45

10 then 15

2 then 5

Eucalyptus
Kraft

18.2

0.75 mg

Pulpzyme-HC

60 units

Trametes
versicolor

3%

HBT

Simultaneous

4.0

acetate

45

15

5

Eucalyptus
Kraft

18.2

3 units

Bacillus sp.

-

-

-

-

-

7.0

Tris

50

10

2

-

-

10.5 units

NS-51002
(T. villosa)

1.5%

HBT

-

4.0

tartrate

30

5

4

3 units

Bacillus sp.

10.5 units

NS-51002
(T. villosa)

1.5%

HBT

Sequential XL

7.0
then
4.0

Tris then
tartrate

50 then 30

10 then 5

2 then 4

3 units

Bacillus sp.

-

-

-

-

-

7.0

Tris

50

10

2

-

-

10.5 units

NS-51002
(T. villosa)

1.5%

HBT

-

4.0

tartrate

30

5

4

3 units

Bacillus sp.

10.5 units

NS-51002
(T. villosa)

1.5%

HBT

Sequential XL

7.0
then
4.0

Tris then
tartrate

50 then 30

10 then 5

2 then 4

10 units

Penicillium
oxalicum

-

-

-

-

-

9.0

none

55

10

2

9.6 units

Penicillium
oxalicum

0.4 units

Pleurotus
ostreatus

none

none

Simultaneous

9.0

none

55

10

2

7.7 units

Penicillium
oxalicum

0.3 units

Pleurotus
ostreatus

none

none

Simultaneous

9.0

none

55

10

3

nr = not reported.

End bleach
sequence

O2
Eucalyptus
Kraft
O2
Eucalyptus
Kraft
O2
Eucalyptus
Kraft
O2
Eucalyptus
Kraft
O2
Eucalyptus
Kraft
O2
Eucalyptus
Kraft
60:40
Eucalyptus:
Poplar
60:40
Eucalyptus:
Poplar
60:40
Eucalyptus:
Poplar

EpDoEpD1
(0.15 kappa
factor)
EpDoEpD1
(0.12 kappa
factor)
EpDoEpD1
(0.12 kappa
factor)

88.0

nr

nr

88.0

nr

nr

88.3

nr

nr

8.4

none

53.7

8.4

0

8.4

E

67.0

5.0

40.5

8.4

E

70.2

4.0

52.4

8.4

none

53.7

8.4

0

8.4

none

59.8

7.0

16.7

8.4

none

58.8

5.2

38.1

14.0

none

37.0

13.4

4.3

14.0

none

38.3

12.7

9.3

14.0

none

38.3

11.1

20.7
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Table 4. Trichoderma reesei Xylanase and Trametes versicolor MnP Treatment of Hardwood Kraft Pulp. Adapted with permission of authors from
Bermek et al. [20].
Treatment † prior to Ep stage
None
Xylanase (no H2O2)
MnP (0.0612 mmole H2O2/g pulp) *
Xylanase + MnP (simultaneous)
(0.0612 mmole H2O2/g pulp) *
Xylanase + MnP (simultaneous) **
Xylanase→MnP (sequential) **
MnP→Xylanase (sequential) **
†

Kappa number
8.0
6.2
6.6 ‡

Delignification (%)
23
18

ISO brightness (%)
59.3
65.6
62.5‡

5.2

35

70.5

4.3
6.6
6.4

46
18
20

78.1
64.4
65.9

Treatment of 1 g pulp HWKP (starting kappa 13.7 and brightness 35.3%) for 24 h, at 2% csc, pH 4.5, with 1 mM MnSO4, and 100 μL 10% Tween 80; when applied, MnP
was used at 50 units/g pulp and xylanase at 4.5 units/g pulp; *H2O2 added in one portion at reaction start; **H2O2 added at a rate of 1.2 mL/h to the enzyme stages for a
total of 0.1224 mmole for the sequential treatment and 0.0612 mmole for the simultaneous treatment; ‡value estimated from figure in original text.
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7. Conclusions
Biomass processing with mixed hydrolytic and oxidative enzyme systems has been well
documented in the biopulping and pulp biobleaching literature. The removal of xylan by hemicellulase
improves the accessibility of lignin substrates to laccase and thus enhances the extractability of lignin
from fibers. Moreover, lignin removal increases wood cell wall permeability, thus facilitating xylanase
diffusion into and action on the hemicellulose component of the wood cell walls [145,155]. The
application of a large dose of a single type of enzyme to wood does not correlate with loss of the
particular wood component, but polysaccharide degradation is closely dependent on the extent of
lignin removal. Biopulping cultures that produce large amounts of xylanases but no oxidases are
ineffective for xylan degradation due to the limited lignin removal [155].
Even though the effectiveness of mixed hydrolytic and oxidative systems might be moderated when
used simultaneously due to the inactivating effect of the redox mediator on the enzymes, in practice it
would be beneficial to combine the treatments [8,88]. Fiber is expected to have a protective effect, and
lignin will provide an alternate target for the oxidized mediators [8]. The identification of
hemicellulases more robust to the oxidative environment generated by the LMS is an opportunity not
yet exploited. For example, while most xylanases are readily inactivated by the tryptophan modifying
agent NBS, the P. citrinium xylanase was not inactivated by even a ten-fold molar excess of this
oxidant [104]. The xylanase from C. subvermispora may also exhibit stability in an oxidative
environment, since the enzyme is produced along with laccase and MnP during biopulping.
Inactivation studies have not been reported for the C. subvermispora xylanase, nor has sequence and
structural information been published.
In consideration of simultaneous enzyme application, enzymes of similar pH optima and thermal
stability would be required [31]; alternatively, a complement of enzymes of varying pH optimum may
be useful. In wood degradation by C. subvermispora, the pH gradually decreases from 5.0 to near 3.5,
so the production of laccase isozymes of different pH optima ensures that oxidation occurs over this
pH range [69]. Different substrates are also known to exhibit different pH optima.
Overall, the combination of xylanase with an oxidative enzyme system provides an opportunity to
prepare cellulose for papermaking or as a feedstock for chemical synthesis, including biofuel
production. The enzyme systems may even act synergistically, evidenced as the markedly lower kappa
and higher brightness pulp from simultaneous application of T. reesei xylanase and T. versicolor MnP
to hardwood kraft pulp in comparison to treatment with either enzyme alone or in sequence.
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